The large and transparent cells of cleavage-stage zebrafish embryos provide unique opportunities to study cell division and cytoskeletal dynamics in very large animal cells. Here, we summarize recent progress, from our laboratories and others, on live imaging of the microtubule and actin cytoskeletons during zebrafish embryonic cleavage. First, we present simple protocols for extending the breeding competence of zebrafish mating ensembles throughout the day, which ensures a steady supply of embryos in early cleavage, and for mounting these embryos for imaging. Second, we describe a transgenic zebrafish line [Tg(bactin2:HsENSCONSIN17-282-3xEGFP)hm1] that expresses the green fluorescent protein (GFP)-labeled microtubule-binding part of ensconsin (EMTB-3GFP). We demonstrate that the microtubule-based structures of the early cell cycles can be imaged live, with single microtubule resolution and with high contrast, in this line. Microtubules are much more easily visualized using this tagged binding protein rather than directly labeled tubulin (injected Alexa-647-labeled tubulin), presumably due to lower background from probe molecules not attached to microtubules. Third, we illustrate live imaging of the actin cytoskeleton by injection of the actin-binding fragment of utrophin fused to GFP. Fourth, we compare epifluorescence-, spinning-disc-, laser-scanning-, and two-photon-microscopic modalities for live imaging of the microtubule cytoskeleton in early embryos of our EMTB-3GFP-expressing transgenic line. Finally, we discuss future applications and extensions of our methods.
I. Introduction
The zebrafish embryo has long been recognized as an excellent model system for molecular-genetic analysis of vertebrate embryonic development (Detrich et al., 1999) , one whose advantages complement, and perhaps exceed, those of the mouse (Orkin and Zon, 1997) . Forward genetic screens using large-scale zygotic (Driever et al., 1996; Haffter et al., 1996) , maternal (Pelegri and Mullins, 2004) , and numerous targeted strategies have generated thousands of mutations in the zebrafish that affect all levels of development. Systematic identification and cloning of the mutated genes, whether by candidate (Skromne and Prince, 2008) , positional (Bahary et al., 2004) , or insertional (Amsterdam and Hopkins, 2004) approaches, has greatly enhanced our understanding of the signaling pathways that regulate expression of the vertebrate body plan. Modern deep sequencing methods will make gene identification even faster.
The advantages of the zebrafish for mechanistic studies of developmental processes in vivo at the cellular level have been less well appreciated although the tide is clearly turning (Beis and Stainier, 2006) . The remarkable optical clarity of the large blastomeres of the pre-pigmentation embryo facilitates the microscopic examination of cellular processes that underlie morphogenesis. The reduced pigmentation mutant lines nacre (Lister et al., 1999) and casper (White et al., 2008) extend tissue and organ transparency to juvenile and adult animals. As researchers apply transgenic approaches to tag proteins of interest with a fluorescent protein (FP), we foresee a major shift of cellular research to the context of the living fish. Zebrafish excel over amphibian models for live imaging of early development because their meroblastic cleavage separates the transparent blastodisc from the opaque yolk, whereas the holoblastic cleavage of amphibian embryos renders cells nontransparent at early stages due to distributed yolk particles. The high fecundity of the zebrafish and its low maintenance costs are also major advantages, particularly in comparison to the mouse.
Characterization of the cytoskeleton of zebrafish eggs and embryos and its role in morphogenesis of the zygote began in the early 1990s. These studies, which had been stimulated by the pioneering work of J. P. Trinkaus on epiboly and gastrulation in embryos of Fundulus heteroclitus (Betchaku and Trinkaus, 1978; Trinkaus, 1949 Trinkaus, , 1951 , focused initially on microtubules and microfilaments. Using ultraviolet irradiation and antimitotic drugs, Str€ ahle and Jesuthasan (1993) and Solnica-Krezel and Driever (1994) demonstrated that microtubules participate either directly or indirectly in epibolic cell movements, and Jesuthasan and Str€ ahle (1997) concluded that specification of the zebrafish dorsoventral axis required the microtubule-dependent transport of dorsal determinants from the vegetal pole to marginal blastomeres. In recent years, numerous studies have shown that maternal products of the zebrafish oocyte and early embryo are organized, and reorganized, by microtubules and microfilaments during oogenesis and embryogenesis (Dekens et al., 2003; Knaut et al., 2000; Strasser et al., 2008; Theusch et al., 2006; Yabe et al., 2009 ; reviewed by Lindeman and Pelegri, 2010) .
To date, the cytoskeletal components of zebrafish oocytes and embryos have generally been analyzed by the application of immunofluorescence light microscopy and/or electron microscopy to fixed preparations. Although methods of fixation to optimize cytoskeletal preservation in embryos have been developed (reviewed by Topczewski and Solnica-Krezel, 2009 ) and their use has led to important discoveries (reviewed by Lindeman and Pelegri, 2010) , research on the function of the cytoskeleton in zebrafish development would benefit enormously from live-cell imaging of fluorescent cytoskeletal proteins. Such studies have revolutionized our understanding of cytoskeleton organization and dynamics in somatic cells, where essentially all cutting-edge cytoskeletal work is now performed using live imaging. Various laboratories have embarked on live-imaging strategies to study cytoskeletal dynamics in zebrafish; examples include microtubule imaging by injection of rhodamine-labeled tubulin into zebrafish zygotes (Li et al., 2006 (Li et al., , 2008 , the labeling of microfilaments by injection of plasmids that drive the transient expression of the F-actin-binding domain of utrophin fused to mCherry (Andersen et al., 2010) , and the creation of a transgenic zebrafish line that expresses a GFP-tagged a-tubulin (Asakawa and Kawakami, 2010) .
For any experiment aimed at live visualization of the cytoskeleton, the key question is, ''What probe to use?''' Useful probes must fulfill multiple criteria: they must not perturb the biology, they must report faithfully on the organization and dynamics of the filament system, they must emit as many photons as possible for as long as possible, and they must provide optimal contrast in the face of background signal from the cytoplasm. The last consideration is often under-appreciated. For all cytoskeleton filaments and their associated binding proteins, there exist at least two protein pools: (1) molecules that are in filaments or binding to filaments and (2) molecules that are free in the cytoplasm and often exchange rapidly with the filament-associated pool. In the thick cells of an early embryo, the majority of signal may come from the soluble pool, which lowers the contrast for imaging the filament. For this reason, the best probes for filament visualization in embryos are often not tagged versions of the primary polymer subunits themselves (e.g. tubulin, actin), but rather probes that bind selectively to the polymeric form of the subunit and thus have a lower pool of free proteins. Such polymer-binding probes must be critically evaluated for unwanted interactions; they may tend to stabilize or bundle the polymer if their levels are too high, and they may also bind selectively to certain subsets of the filaments. Despite these caveats, this strategy has been quite successful, and here we discuss its application to microtubule and actin visualization in zebrafish.
In this chapter, we describe methods for live imaging of microtubules and microfilaments in cleaving zebrafish embryos, the former by use of a transgenic zebrafish line (W€ uhr et al., 2010) that expresses the GFP-tagged microtubule-binding domain of ensconsin (Faire et al., 1999) and the latter by injection of the actin-binding domain of utrophin bearing a GFP tag (Burkel et al., 2007) , respectively. We also compare the quality of images obtained by various optical platforms.
II. Maintaining the Breeding Competence of Zebrafish throughout the Day
In the wild, zebrafish spawn at the onset of light in the morning (Detrich et al., 1999) . In the lab, this behavior potentially limits the time frame for experimentation on cleavage-stage embryos. Several procedures exist for circumventing this restriction: (1) use of isolation cabinets on light cycles that shift ''morning''' for zebrafish mating ensembles to suit the investigator or (2) use of in vitro fertilization, in which females are squeezed and their eggs collected in defined medium or salmon ovarian fluid to prevent activation (Corley-Smith et al., 1999; Sakai et al., 1997) . The former technique requires considerable cabinetry, whereas the latter can delay egg activation by at most 6 h (Siripattarapravat et al., 2009) and females require significant time to recover from egg donation.
We have found that it is possible to obtain newly fertilized embryos over a large portion of the day (6-8 h) with a simpler routine. We maintain males and females in separate tanks in our zebrafish facility. One day before the experiment, two females and one male are placed together in a crossing cage and allowed to acclimate, which appears to predispose them to mate. The following morning (as defined by the light cycle), males and females are separated immediately after they have spawned sufficient embryos for initiation of experimentation. When more embryos are required, the connubial trio is reunited. We are careful not to separate a threesome for more than 2 h, because they become refractory to further mating that day. Using this method, we typically obtain sufficient embryos to conduct three to four experiments at 2-h intervals in a single day, provided that the fish are at optimal age ($4-12 months), well fed, and husbanded.
III. Mounting Zebrafish Embryos for Live Imaging

A. Rationale
Proper mounting of cleaving embryos is one of the most important steps for live imaging. To obtain images of high quality, one must immobilize the embryos and place them within the working distance of moderate to high numerical aperture (NA) objectives. In this context, upright and inverted microscopes have different experimental advantages and disadvantages. Mounting of dechorionated embryos on an upright microscope with a water-immersion or air objective is comparatively easy, but one is limited to using objectives of modest NA. This restriction will be reduced as vendors build immersion lenses with increasingly high numerical NA and long working distance. For example, Nikon has introduced a 25 Â 1.1 NA water objective with a 2-mm working distance (Nikon Inc.), which delivers an extraordinary increase in performance at low magnification. Unfortunately, such lenses are extremely expensive and may require special adapters. In contrast, mounting embryos for inverted microscopy is more difficult but permits the use of oil-immersion, high NA objectives.
In our experience, the best method to immobilize a dechorionated embryo is to place it in the pocket of an agarose specimen chamber cast on a Petri dish. The lateral dimensions of the pockets are slightly smaller than the diameter of an embryo ( Fig. 1A ) so that friction between the gently compressed embryo and the walls of the pocket resists embryo movement. To cast a chamber with pockets that can accommodate embryos of differing size, we use a plastic mold that creates squares with sides of 550-700 mm; the depth of each pocket is 400 mm. Mounting of the embryo is performed on a dissecting microscope after which the Petri dish is transferred to the microscope used for imaging.
The increased difficulty of mounting an embryo for inverted microscopy arises from its natural tendency to rotate so that the heavy yolk faces downward, that is, opposite to the desired yolk-up orientation in the mounting pocket. In addition, the specimen chamber must be cast on the glass cover slip of a suitable culture dish (Fig.  1B) . The key, in our experience, is to use an agarose pocket of optimal dimensions, so the embryo is prevented from rotating but not overly compressed.
B. Methods
1.
Machine the embryo mounting mold from a suitable plastic or metal (e.g. plexiglass, aluminum) to the dimensions shown in Fig. 1A . 2. Pour melted 2% agarose in egg water (Westerfield, 2007) into a Petri dish. Insert the mold into the agarose solution and put a weight on top. Allow the agarose to set at 4 C. If mounting for inverted microscopy, use a coverslip-bottom culture dish (e.g. MatTek Corp., Ashland, MA, USA). 3. Remove the mold and add egg water and embryos into the dish. 4. Using the dissecting microscope for visualization, dechorionate embryos with two sharp No. 5 forceps.
5. With a blunt glass rod, maneuver an embryo into a square chamber whose dimensions are slightly smaller than the embryo's diameter. Orient the embryo as desired and, if necessary, add low-melting-point agarose (0.8%) to fix the embryo in position. Position additional embryos in remaining pockets as desired. 6. To reduce swaying when transferring, remove most of the egg water from the dish, leaving just enough to cover the embryo. Transfer the dish to the microscope stage and add egg water to a level sufficient for immersing the objective (Fig. 1B) . 7. For inverted microscopy, carefully transfer the culture dish to the microscope stage and bring the objective into oil contact with the dish's coverslip (Fig. 1B) . Add egg water to cover the embryos so that they do not dehydrate during imaging.
IV. Live Imaging of Microtubules in Cleaving Zebrafish Embryos
A. Rationale Li et al. (2006 Li et al. ( , 2008 demonstrated real-time imaging of microtubules in cleaving zebrafish embryos by injection of rhodamine-labeled tubulin at the one-cell stage. Due to the thickness of early zebrafish blastomeres and the large proportion of rhodamine-tubulin that remains monomeric, the signal-to-noise ratio of fluorescent microtubule polymer relative to the fluorescent subunit pool is substantially lower than that achieved by comparable injection of thin, adherent tissue culture cells (Zhai et al., 1996) . Fig. 2A (right panel) shows an image from our laboratory of a cleaving zebrafish embryo whose microtubules are labeled by incorporation of injected Alexa-647-labeled tubulin. Although the contrast is unusually high, astral microtubules are barely visible over the background from soluble tubulin. To obtain higher contrast images of microtubule dynamics and organization in cleaving zebrafish blastomeres and to circumvent the injection step, we (W€ uhr et al., 2010) generated a transgenic fish line, Tg(bactin2:HsENSCONSIN 17-282 -3xEGFP)hm1, that expresses the microtubule-binding domain of ensconsin fused to three sequential GFP moieties (EMTB-3GFP). This probe was first tested in tissue culture cells, where it was shown to associate tightly but dynamically with microtubules without perturbing either microtubule organization or dynamics when expressed at levels appropriate for imaging (Faire et al., 1999) . Later, EMTB-3GFP was adapted for imaging microtubules in echinoderm embryos, where its increased contrast relative to directly labeled tubulin was a compelling advantage (von Dassow et al., 2009) . In that work, the probe was introduced by mRNA injection at the one-cell stage, which precluded live imaging of the first division. We introduced this probe into zebrafish by making a transgenic line. In addition to permitting visualization immediately after egg spawning and fertilization due to maternal expression of the transgene, the transgenic approach has the advantage that we know the probe has not perturbed embryonic development since the fish line is fully fertile. Below we compare the two methods directly by injection of Alexa-647-labeled tubulin into the transgenic zebrafish line. We have also used EMTB fused to a single GFP and expressed in bacteria to visualize microtubules live in Xenopus egg extracts, demonstrating the versatility of ensconsin-based probes.
B. Methods
Generation of Transgenic Zebrafish Lines
The transgenic line, Tg(bactin2:HsENSCONSIN 17-282 -3xEGFP)hm1, was created in an unspecified wild-type strain by use of the Tol2Kit (Kawakami, 2004; Kwan et al., 2007; Urasaki et al., 2006; W€ uhr et al., 2010) . EMTB-3GFP expression is driven by the beta actin promoter, chosen for its high expression levels. Beginning with eight founders, we selected progeny that gave the highest expression levels without detectable developmental toxicity. The line is now in its third generation, the transgene is mostly stably transmitted, and expression of EMTB-3GFP remains robust. EMTB-3GFP expression levels do tend to decline with generational passage of the transgene, and we compensate for this by selecting adult females that express the brightest eggs for propagation. Using identical methods, we have created a transgenic zebrafish line in wild-type strain AB that expresses human histone H2B fused in frame to mCherry2 for visualization of chromatin dynamics.
Preparation of Alexa-647-Labeled Tubulin and Embryo Microinjection
Tubulin was purified from calf brain and labeled with Alexa647-succinimideester (Invitrogen) as described by Hyman et al. (1991) . The ratio of fluorophore to tubulin dimer was 0.7. Tg(bactin2:HsENSCONSIN 17-282 -3xEGFP)hm1 zebrafish were mated, and, shortly after fertilization, $5 nL of labeled tubulin (11 mg/ml) were injected through the yolk into the blastodiscs of embryos.
Laser-Scanning Confocal Microscopy
Images were recorded using a Zeiss LSM 710 inverted microscope equipped with a 63Â plan-apochromat objective (NA = 1.4). The pinhole was set at 63 mm, the pixel size was 0.11 mm, and pixel dwell time was 0.79 ms. Specimens were illuminated simultaneously by argon (488 nm, 25 mW) and helium-neon (633 nm, 5 mW) lasers. The emission spectra of GFP and Alexa 647 were recorded from 492 to 598 nm and from 637 to 755 nm, respectively. Images of a single focal plane were collected at 7.7-s intervals. Fig. 2A compares the labeling of spindle microtubules by EMTB-3GFP and by Alexa-647-tubulin in early anaphase of the second mitosis in an injected, transgenic embryo: the left panel shows the EMTB-3GFP signal, whereas the right panel shows the Alexa-647 signal. Movie S1 shows the same embryo in both imaging modalities as anaphase commences. Spindle microtubules were brightly labeled in the green channel, and their contrast with respect to the background was high. Neither spindle morphology nor function appears to be perturbed by binding of EMTB-3GFP to spindle microtubules (see Movie S1), as expected since the transgenic line is fertile. Furthermore, the dynamic instability (Mitchison and Kirschner, 1984) of individual microtubules at the front of asters as they expanded in telophase was readily detected (see time-lapse imagery of Fig. 2B , which shows enlargements of the boxed region of 2A). In contrast, the same spindle observed in the Alexa-647 channel was less clearly visualized; the central spindle microtubules were bright, but the background fluorescence of the cytoplasm was high and individual microtubule ends in the asters could not be identified with confidence.
C. Results
The clarity of microtubule labeling by the transgenic zebrafish line is striking, but one may ask whether EMTB-3GFP, which interacts with microtubules noncovalently, faithfully delineates all of the microtubules throughout the spindle. 1 The ensconsin (GFP) and tubulin (Alexa-647) signals correlate well, but subtle differences are apparent that cannot be explained by lower background fluorescence. To compare microtubule labeling by the two approaches, we generated a composite, ratiometric image from the two images of Fig. 2A . Fig. 2C shows that EMTB-3GFP preferentially labels certain microtubule populations, which are shown in red in the pseudocolored ratio image. These include the distal ends (distal with respect to the centrosome) of astral microtubules and microtubules of the furrow microtubule array [microtubules to the left of the spindle (Danilchik et al., 2003) ]. Astral microtubules proximal to the centrosomes label equivalently with the two probes (green pseudocolor). EMTB-3GFP staining of the aster interaction zone (W€ uhr et al., 2010) , where the two asters meet, is very low (blue pseudocolor) compared to the signal in the tubulin channel, suggesting the probe is selectively excluded from these microtubules. Possible non-mutually exclusive explanations for the differential labeling of microtubules by EMTB-3GFP could be: (1) EMTB-3GFP's local concentration within the asters and the aster interaction zones might not be sufficiently high to saturate its binding sites on the polymer, whereas this condition is met for the dispersed microtubule ends at the astral peripheries; (2) EMTB-3GFP may compete with other microtubule-associated proteins for binding to specific subsets or subregions of spindle microtubules; and/or (3) the affinity of EMTB-3GFP may be altered by regional regulation of posttranslational modification. We are currently working on evaluating these hypotheses, with the aim of engineering a modified probe with less differential binding. However, for most purposes the current probe provides excellent microtubule imaging and is clearly superior to directly labeled tubulin. For visualization of the advancing front of astral microtubules, selective binding of the probe is even advantageous.
To observe microtubule and chromatin dynamics simultaneously during embryonic cleavage, we crossed the EMTB-3GFP line (hm1) with a beta-actin:H2B-mCherry2 line [Tg(ba:h2b-mCherry2)hm13] (Fig. 2D, Movie S2 ). Fig. 2D shows that the mCherry2-tagged histone labels the chromosomes at the metaphase plate (red signal), and Movie S2 shows a blastomere undergoing a complete mitotic cycle of chromosome condensation, spindle assembly, and chromosome partition. The high signal-to-noise ratios of the EMTB-3GFP-labeled microtubules and of the mCherry2-H2B-labeled chromosomes in these movies should facilitate quantitative analysis of cleavage in the large blastomeres of the meroblastic zebrafish embryo.
V. Live Imaging of Microfilaments in Cleaving
Zebrafish Embryos
A. Rationale
Live imaging of microfilaments in the large blastomeres of the zebrafish embryo is even more problematic than live imaging of microtubules, most likely because the concentration of soluble, unpolymerized actin is very high compared to polymerized actin in fibers. In a comparable embryo (Xenopus laevis), actin is present at $20 mM, and most is bound to sequestering proteins (Rosenblatt et al., 1995) .
Sequestered monomer probably contributes to very high background staining if actin is imaged via immunofluorescence of labeled actin monomers. Rhodaminelabeled phalloidin, which binds only to F-actin with extremely high selectivity, has been used to study microfilaments during cleavage of zebrafish embryos (Li et al., 2008; Theusch et al., 2006) , but this approach typically requires fixation and restricts fixation methods to those that preserve filament structure (aldehyde fixation works, organic solvent fixation does not). When labeled phalloidin has been used to image microfilaments in living zebrafish embryos (Li et al., 2008) , the probe must be restricted to very low concentrations and thus low signal since phalloidin is in fact a toxin derived from the death cap mushroom. Bement and co-workers developed several FP-tagged probes for microfilaments based on the actin-binding calponin homology domain of utrophin (Utr-CH) (Burkel et al., 2007) . They showed that transient expression of GFP-Utr-CH in Xenopus oocytes by injection of synthetic mRNA or plasmid constructs reports on the distribution of F-actin without perturbing actin dynamics and is less toxic than phalloidin. It is possible, even likely, that this probe binds selectively to a certain population of filaments, but this is difficult to determine when we lack alternative methods for filament visualization. We attempted to generate a transgenic fish line that would express Utr-CH-GFP, but we were unable to establish founder fish, most likely due to probe toxicity during development. As an alternative, we developed a protocol for injection of bacterially expressed Utr-CH-GFP (kindly provided by David Burgess, Boston College) into the one-cell stage of the zebrafish embryo. With this probe we could visualize cortical microfilaments in living embryos with excellent contrast.
B. Method
His-tagged Utr-CH-GFP was expressed in Escherichia coli, purified via chromatography on nickel columns, and flash frozen in 150 mM aspartic acid and 10 mM HEPES solution (pH 7.2-7.3) in the laboratory of David Burgess. Shortly after fertilization, zebrafish embryos were injected through the yolk into the blastodisc with $2 nL of utrophin-GFP (1 mg/ml) and then mounted for upright microscopy as described in Section III.B. Images were recorded using a Zeiss LSM 710 upright microscope equipped with a 20Â water-immersion objective (plan-apochromat DIC, NA = 1.0). The pinhole was set at 32 mm, the pixel size was 0.59 mm, and pixel dwell time was 1.58 ms. Specimens were illuminated with a 25-mWArgon laser at 488 nm.
Emission spectra were recorded from 492 to 598 nm. Images of a single focal plane were collected at 41-s intervals. Figure 3 shows the lateral views of a one-cell zebrafish embryo undergoing cytokinesis; the boxed regions are enlarged and shown at higher contrast below. The cortical actin filaments are brightly labeled by Utr-CH-GFP as the cleavage furrow develops. Cleavage appears to be unaffected by the utrophin probe (Movie S3, the same embryo). At t = 0 min, the cell is in late telophase, and Utr-CH-GFP fluorescence marks the aster-aster interaction zone (W€ uhr et al., 2010) , where cytokinesis will cleave the cell. By t = 26 min, the daughter cells have re-entered mitosis, and Utr-CH-GFP stains comet tails behind rapidly moving vesicles (see Movie S3 beginning at t = 18 min). These comet tails in mitotic cells presumably represent Arp2/3 nucleated assemblies akin to Listeria comet tails, which have been seen before in live embryos (Taunton et al., 2000; Velarde et al., 2007) . Comet tail assembly and vesicle movement were abolished by treatment of embryos with the actin-depolymerizing agent cytochalasin B but were insensitive to the anti-microtubule drug nocodazole (data not shown). Although further validation of our utrophin-based labeling strategy is required, we consider it likely to be a useful, non-perturbing method for live imaging of the structure and function of the actin cytoskeleton in zebrafish embryos. One important question for future work is to what extent this probe reports on localization of all actin filaments versus a subset with particular structure or biochemistry.
C. Results
VI. Comparison of Microscopic Techniques for Imaging the
Cytoskeleton of Cleaving Zebrafish Embryos Table I summarizes the advantages and disadvantages of four fluorescence-imaging modalities we tested and provides representative micrographs obtained by each. We note that these comments apply to the instrument we used and may not represent fundamental limitations. For example, new gallium arsenide and avalanche photodiode detectors for scanning microscopes may increase sensitivity and lower noise and photobleaching, albeit at additional cost. In the two-cell embryo imaged by Viewed from the side, the cortex is brightly labeled. The enlargements (shown at higher contrast below the top panels) illustrate the dynamics of the microfilaments. At t = 0 min, the cell is in late telophase, and Utr-CH-GFP staining marks the aster-aster interaction zone (yellow arrows). As the daughter cells from the first division re-enter mitosis (t = 26 min), Utr-CH-GFP-labeled comets propel vesicles (e.g. red arrow) whose movement is actin-dependent (see Section V.C for details). (See Plate no. 2 in the Color Plate Section.) (Table I , Movie S5) provided that they are relatively close to the surface of the embryo. Spinning disc confocal often seems to provide an advantage over scanning laser confocal for live imaging of the cytoskeleton in tissue culture cells due to lower photobleaching and in some cases superior signal to noise. However, the lack of depth of penetration is a problem for application of current Yokogawa spinning discs to zebrafish embryos. We look forward to development of new spinning disc units with smaller pinholes that are optimized for lower magnification work at depth. For the large, cleaving blastomeres of the zebrafish embryo, laser-scanning confocal microscopy and twophoton microscopy were clearly superior because of their greater depth of penetration. With care to limit exposure, photobleaching and phototoxicity were not a problem with the one-photon modality. Both produced images of mitotic spindles with very high spatial resolution and contrast (Table I , Movie S6). The dynamics of individual microtubules were easily observed. Our current method of choice is laserscanning microscopy with one-photon excitation. This is partly due to the faster bleaching of GFP caused by two-photon excitation, but of greater importance is the higher signal-to-noise that was obtained with one-photon excitation (Movie S6). We do not understand to what extent these factors represent fundamental advantages of one-photon excitation versus limitations of the particular instruments we used.
VII. Discussion and Future Directions
In this chapter, we describe methods to image microtubules and actin filaments in the thick cells of living cleavage-stage zebrafish embryos. Our methods make use of FP-tagged filament-binding proteins, EMTB-3GFP for microtubules and Utr-CH-GFP for microfilaments, that appear not to affect the dynamics or organization of the respective polymers. These probes yield superior contrast during live imaging when compared to filament labeling by fluorescently derivatized polymer subunits themselves (i.e. tubulin, actin), presumably because the free pools of the binding proteins are much lower than those of the filament subunits. Furthermore, we have successfully developed a transgenic zebrafish line that expresses EMTB-3GFP and shown that it yields valuable information about microtubule organization and function in cleavage-stage zebrafish embryos (W€ uhr et al., 2010) . For analysis of microtubule function at later stages of development, we suggest that the EMTB-3GFP probe be introduced into strains lacking pigmentation [e.g. nacre (Lister et al., 1999) and casper (White et al., 2008) ]. A disadvantage of EMTB-3GFP is that the probe turns over rapidly on microtubules (Bulinski et al., 2001) , which prevents its use to measure microtubule turnover or sliding by photoactivation experiments (Mitchison, 1989) . To enable such measurements, we suggest the creation of a zebrafish line that expresses tubulin linked to a photoconvertible FP (McKinney et al., 2009 ). Although we have not been able to generate a transgenic line that constitutively expresses Utr-CH-GFP, suggesting subtle toxic effects of this probe expressed at high levels, we consider it probable that such a line can be created, perhaps by using a weaker, or inducible, promoter. Indeed, we envision a bright future for live analysis of cellular dynamics of all kinds by use of transgenic zebrafish that express appropriate FP-tagged probes.
We chose to study the zebrafish embryo not only for its potential in understanding cytoskeletal function during development, but also because the blastomeres created during cleavage are among the largest of vertebrate cells. One of our goals is to understand how the cytoskeleton scales with cell size to solve the physical challenges of organizing large cells (W€ uhr et al., 2008) . To this end, a combination of the unique experimental advantages of Xenopus egg extracts and transgenic zebrafish embryos is likely to yield important experimental synergisms. Xenopus egg extracts provide the opportunity to observe cytoskeletal function in vitro with single molecule resolution (Needleman et al., 2010) , and the system can be easily titrated with proteins and drugs. Conversely, the zebrafish embryo provides experimental read out from a truly in vivo system. The two systems, used in combination, are likely to lead to rapid advances in our knowledge of cytoskeletal function and other cellular processes.
